[Abstract] Phloem loading and transport of photoassimilate from photoautotrophic source leaves to heterotrophic sink organs are essential physiological processes that help the disparate organs of a plant function as a single, unified organism. We present three protocols we routinely use in combination with each other to assess (1) the relative rates of sucrose (Suc) loading into the phloem vascular system of mature leaves (Yadav et al., 2017a) , (2) the relative rates of carbon loading and transport through the phloem (this protocol), and (3) the relative rates of carbon unloading into heterotrophic sink organs, specifically roots, after long-distance transport (Yadav et al., 2017b) , We propose that conducting all three protocols on experimental and control plants provides a reliable comparison of whole-plant carbon partitioning, and minimizes ambiguities associated with a single protocol conducted in isolation (Dasgupta et al., 2014; Khadilkar et al., 2016) . In this protocol, [
mechanism. Severing the feeding insect from a stylet penetrated into the phloem-referred to as stylectomy-can provide nanoliter to microliter quantities of sap that may most accurately reflect phloem content. Limitations of the technique are that it is technically challenging, works with only specific insect/plant combinations, the insects are selective for phloem with desired content, and insect saliva injected into the plant influences phloem content (Will et al., 2007; Hewer et al., 2011) .
Another technique is to use plants that exude solution from cut stems without apparent sealing.
Cucurbits, legumes, Ricinus communis, and some trees are well known for this and have become model systems for studying metabolites and signaling compounds in the phloem. However, the sap collected by this technique generally has low sugar concentrations, suggesting significant dilution and contamination from non-phloem sources and, particularly in the case of cucurbits, may be derived from specialized extrafascicular phloem elements rather than canonical fascicular phloem within vascular bundles (Zhang et al., 2010 and .
The most common technique to sample phloem contents, and the one described in this protocol, is to collect phloem exudates from cut stems or petioles into solutions containing low concentrations of chelating agents, such as EDTA. Cations, particularly calcium (Ca 2+ ), are involved in the rapid selfsealing mechanism of sieve tubes. Therefore, application of chelating agents to the cut ends of phloemcontaining tissues limits sealing and permits phloem exudations for long periods from most, if not all, plants (King and Zeevaart, 1974; van Bel and Hess, 2008; Liu et al., 2012; Tetyuk et al., 2013) . Although this method is most commonly used, it has important limitations and is not without controversy. Exudates are not collected directly, but are diluted into the EDTA solution during the collection period. This method therefore does not provide a measure of concentration, but rather a rate of exudation (i.e., unit of quantity per unit of time). As with the use of plants that naturally continue to exude, it is not clear how much the exudate is diluted by other sources in the plant or how much of the exudate is derived from the fascicular phloem involved in long distance translocation of photoassimilate in phloem sap. Enzymes, such as invertase from damaged cells, can enter the exudate solution and alter the profile of molecules exuded, as discussed at length in several articles (van Bel and Hess, 2008; Liu et al., 2012) . A particularly important pitfall of this approach is that EDTA is toxic to cells and promotes membrane leakage which exacerbates contamination of the exudates with the contents of damaged cells and alteration of metabolite composition by leaked enzymes (Turgeon and Wolf, 2009 ). To minimize these impacts, we use the lowest EDTA concentration that still prevents sieve element sealing and as little tissue as possible is submersed in the EDTA solution (van Bel and Hess, 2008 ). In addition, we limit EDTA uptake via the xylem by conducting exudations in darkness and high humidity to promote stomatal closure and limit transpiration. Importantly, this procedure uses photosynthetic labeling of rosette leaves with The labeled rosette should also be counted.
C labeled dry waste. chamber. These will be used for the initial wash step, the 1 st h of exudation, and the 2 nd h of exudation, respectively. Fill nine, well-spaced wells with 500 µl 5 mM EDTA solution, and set aside until needed. Prepare high-humidity chambers: prepare clamshell containers (one for each labeling chamber) with a bead of vacuum grease as described above; line the bottom half of the containers with wet paper towels. During exudation the 24-well culture plates will be placed in these high-humidity chambers and the chambers will be placed in the dark to stimulate stomatal closure and limit transpiration. 
Note: This weight will include a small portion of roots that are removed in the next step (D3), but we considered this small amount to be negligible and it is important to conduct
Step D3 quickly without reweighing the tissue.
3. Submerge the cut end of the stem in a Petri dish containing 5 mM EDTA. Keeping the stem submerged, use one half of a double-edged razor blade, snapped in half lengthways, to cleanly slice the stem in the hypocotyl ~5 mm up from the first cut ( Figures 2I and 2J ).
www.bio-protocol.org/e2656 4. Transfer each rosette immediately to the first prepared 24-well culture plate containing 500 µl 5 mM EDTA solution so that ~2 mm of cut stem is submerged. Minimize EDTA exposure to the rest of the plant tissues ( Figure 2K ).
5. Once all nine plants are processed, place the 24-well culture plate into the clamshell humidity chamber and close the chamber to maintain near 100% humidity ( Figure 2K ). Place the humidity chamber in complete darkness, such as a drawer or box, to promote stomatal closure.
Notes:
a. Steps D1 to D5 should be carried out carefully but efficiently. 
Data analysis Experimental design for data analysis
Each chamber constitutes an independent labeling experiment. Values obtained from experimental plants in each plate should be standardized to a percent value of WT controls in the same chamber.
Standardized values from separate chambers are then combined as independent replicates. This removes chamber to chamber variation in labeling efficiency to provide a more accurate representation of the differences in photoassimilation, distribution and transport between controls and experimental plants (Khadilkar et al., 2016) .
